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Abstract
Background and aims Belowground C supply from
plant roots may accelerate the decomposition of SOM
through the rhizosphere priming effect, but the detailed
interaction between substrate quality and rhizosphere C
supply is poorly understood. We hypothesize that decomposition of organic matter is enhanced by the combined effect of assimilate C supply to the rhizosphere
and substrate amendments.
Methods Birch trees (Betula pendula) planted in experimental mesocosms; half of these trees were shaded to
reduce the supply of assimilate C to roots and ECM
fungi. Either 13C-enriched glucose, straw, fungal
necromass or C4 biochar were subsequently added to
each mesocosm. CO2 efflux derived from substrates
were separated from that derived from native SOM
and roots based on the isotopic composition of total
respired CO2.
Results The addition of all substrates increased fluxes in
both un-shaded and shaded treatments, with greatest

total CO2 efflux observed in soils amended with straw.
Increases in un-labelled CO2 were observed to be greater in the presence of belowground C supply than in
mesocosms with shaded trees.
Conclusions Turnover of SOM is closely linked to belowground C allocation. The biochemical quality and
recalcitrance of litter entering the soil C pool is of critical
importance to this priming, as is the interaction with
rhizosphere-associated decomposition activity.
Keywords Soil CO2 efflux . Ectomycorrhizal fungi .
Priming effect . Soil microbial activity . Stable C isotopes
Abbreviations
C
Carbon
SOM Soil organic matter
ECM Ectomycorrhiza
N
Nitrogen
PE
Priming effect
RPE Rhizosphere priming effect
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Introduction
Soil organic matter is the largest C pool in terrestrial
ecosystems, and therefore plays an important role in the
global C cycle (Ciais et al. 2013; Schlesinger and
Bernhardt 2013). In addition, SOM improves the structure and fertility of soils (Six et al. 2000). SOM is
mainly composed of a heterogeneous mixture of plant
and microbial residues, which vary in chemical
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structures and decomposition rates (Kögel-Knabner
2002; Simpson and Simpson 2012). Soil CO2 efflux (a
combination of CO2 respired by roots and their associated microorganisms (rhizomicrobial respiration) and
the decomposition of SOM) is the primary pathway by
which terrestrial C returns to the atmosphere. Due to the
large amount of global C stored as SOM, changes in
SOM decomposition can cause significant changes to
the concentrations of atmospheric CO2 (Lal 2004).
Hence, it is important to understand the controls and
drivers of SOM decomposition in order to forecast
terrestrial ecosystem feedbacks, particularly under
projected climate change scenarios.
Abiotic factors such as temperature and moisture are
regarded as the major drivers of SOM decomposition
(Bond-Lamberty and Thomson 2010; Moyano et al.
2012); however, there is increasing evidence that C
supply to the rhizosphere, via plant roots, can directly
drive SOM decomposition (Subke et al. 2011; Finzi
et al. 2015). In addition to the input of litter to soils,
plants release labile organic compounds into soils in the
form of rhizodeposition, which includes root exudates
and sloughed-off root cells (Jones et al. 2009; Pausch
and Kuzyakov 2018). These organic compounds may
act as energy source for microorganisms, and
thereby increase microbial activity. As microbial
activity increases, the demand for nutrients also
increases which can stimulate the decomposition
of SOM. Hence, changes in the productivity of
plants can in turn affect rhizodeposition, which
may influence the stability of soil C.
Roots of many temperate trees are often heavily
colonised by ECM fungi (Lang et al. 2011). ECM fungi
supply the host plant with nutrients derived from soils
and in return receive up to 22% of photoassimilate C
from the host plant (Smith and Read 2002; Hobbie
2006). This C supply allows the fungus to form extensive mycelial networks that can dominate organic horizons (Lindahl et al. 2007; Phillips et al. 2014), and
stimulate the mobilization of N in N-limited environments. ECM fungi also have the ability to produce a
wide range of enzymes, e.g. β-glucosidase,
cellobiohydrolase, N-acetyl glucosaminidase and leucine aminopeptidase, that allow them to mineralize C
and N from SOM (Talbot et al. 2008; Brzostek et al.
2015). The majority of ECM fungi are found in mineral
horizons, with more decayed litter and humus while
saprophytic fungi mainly colonize fresh litter found in
the top layers of soil (Rosling et al. 2003; Lindahl et al.
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2007). However, the ability of ECM fungi to successfully compete with saprophytic fungi and other soil
microorganisms is dependent on a supply of C from
host plant roots (Lindahl et al. 2010). The competition
for limiting nutrients between these two fungal groups
was hypothesized to retard SOM decomposition (Gadgil
effect, (Gadgil and Gadgil 1971; Gadgil and Gadgil
1975)). However, studies have shown that ECM fungi
stimulate SOM decomposition as a result of C provisions from roots (Brzostek et al. 2015). Experimental
reduction in C allocation to ECM fungi through girdling
and tree shading results in significant decreases in soil
respiration and fungal biomass (Högberg and Högberg
2002; Subke et al. 2004; Hasselquist et al. 2016; Tang
et al. 2019), which implies that a reduction in assimilate
C alters root respiration but may also reduce the activities of microbes in the rhizosphere, potentially reducing
SOM decomposition.
The input of organic substrates into soils can either
increase or decrease SOM decomposition via a ‘priming
effect’, defined as a short-term change in the decomposition of SOM caused by the input of a substrate, e.g.
fertilizers (organic or mineral) or plant residues
(Kuzyakov et al. 2000). The rhizosphere priming effect
(RPE) is the change in SOM decomposition driven by
the presence of plant roots (Kuzyakov 2002; Cheng and
Kuzyakov 2005). Compared to soils without roots, a
broad range of RPE from 50% reduction to 380% acceleration of SOM decomposition in the presence of
roots has been reported (Cheng et al. 2014). Readily
accessible C and plant residues may stimulate activities
of microbial populations, thereby increasing SOM decomposition as a result of increased production of extracellular enzymes (Phillips and Fahey 2006; Yin et al.
2014). CO2 evolution following the input of labile substrate can be used to classify PE into either a ‘real’ or an
‘apparent’ effect (Blagodatskaya and Kuzyakov 2008).
The activation of microbial metabolism and acceleration
of microbial biomass C turnover is referred to as ‘apparent’ PE (Blagodatskaya et al. 2007), as observed
increases in CO2 flux are not associated with decomposition of SOM. ‘Real’ priming effects require an actual
acceleration of SOM decomposition caused by change
in microbial community structure and extracellular enzyme production (Blagodatskaya and Kuzyakov 2008).
Future predictions of elevated atmospheric CO2 concentrations and higher temperature may increase net primary productivity through CO2 fertilisation (Norby et al.
2005). Increased plant productivity results in higher
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rhizodeposition and plant litter production (Zak et al.
2011), thereby resulting in a net increase in C stock.
However, due to the potential priming effect of increased input of both labile and complex C into soils,
the degree to which priming effect offsets this higher C
input is uncertain.
The magnitude and direction of priming effects are
influenced by nutrient availability, quality or quantity of
substrate C. The quality of substrate is related to its
susceptibility to microbial uptake and enzymatic degradation, for which the C to N ratio (C:N) and the concentration of recalcitrant fractions such as lignin, phenolics and tannins have been used as proxies (Chen et al.
2014; Wang et al. 2015; Di Lonardo et al. 2017).
Substrates of low recalcitrance and a higher availability
of C (often considered to be of ‘high quality’) may
induce higher PEs than substrates with less available C
or more recalcitrant compounds (Blagodatskaya and
Kuzyakov 2008). Soil microbial communities can influence the PE, as specific microbial groups (r versus K
strategists) preferentially dominate decomposition of
labile and recalcitrant C pools (Fontaine et al. 2003).
However, our knowledge of the effects of substrate
quality, and the interaction with the microbial community on PE is limited, and only a few studies have tested
this theory (Chen et al. 2014; Wang et al. 2015). Several
studies have investigated the individual effects of C
inputs from plants or substrates on organic matter decomposition (Zhang et al. 2013; Luo et al. 2016; Huo
et al. 2017), but their interactions have not been widely
explored. In a girdling study, (Subke et al. 2004) observed additional efflux in litter-amended, non-girdled
plots, which was not significant in litter-amended, girdled plots or non-amended, non-girdled plots. Since
organic matter enters the soil environment in different
forms (for example, as rhizodeposits, litter or microbial
necromass), and may differentially affect the PE, it is
important to determine the range of potential effects on
both old and recent SOM decomposition in order to
predict changes in C storage with different C inputs.
Here, we aim to determine the effect of an altered C
supply to roots, and their associated ECM fungi, on the
decomposition of a range of substrates, and to assess the
decomposition of SOM with the input of 13C-labelled
substrates of different qualities. To address these aims,
we tested the following hypotheses: (1) Decomposition
of organic substrates is accelerated by the supply of
assimilate C to the rhizosphere. (2) Decomposition of
older native SOM is increased by the combined effect of
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substrate addition and rhizosphere C supply, (3) Soil
priming (increased un-labelled CO2) is greater following the addition of readily available glucose compared
to more complex organic substrates (i.e. straw, fungal
necromass or biochar).

Materials and methods
Experimental design
Forty experimental mesocosms were constructed using
33 L boxes (71 × 44 × 16.5 cm, Really Useful Products
Ltd., Normanton, UK). Mesocosms were assigned into
four blocks in a randomised complete block design,
each containing a shaded/not-shaded treatment, and a
substrate treatment (4 blocks × 2 shading treatments × 5
substrate treatments). Organic-rich mineral soil (pH
(H2O) 4.04, C:N 14.9) was collected from the top
15 cm of a mixed broadleaf woodland in Stirling,
Scotland, UK (5608′ N, 3054′ W), which was dominated
by birch (Betula pendula) and beech (Fagus sylvatica)
with little understory vegetation. The soil was a freely
draining, brown earth formed from fluvioglacial sands
and gravels derived mainly from carboniferous soil in
the Dreghorn soil series of UK (National soil map of
Scotland). The soil was air-dried, sieved (< 2 mm) and
homogenised. A two-year old birch tree was planted in
each mesocosm in August 2015, watered and allowed to
establish for 8 months. Although relative amount of
ECM fungi in the mesocosms were not determined
directly, the presence of ECM was confirmed using ingrowth nylon mesh bags (6 × 6 cm; 41 μm mesh size,
Normesh Ltd., Oldham, UK) filled with sterilized sand
(Wallander et al. 2013). These in-growth bags had been
used to differentiate between ectomycorrhizal hypha
from that of saprotrophs, as ECM fungi are able to grow
in sand while saprotrophic fungi can not (Wallander
et al. 2001; Ekblad et al. 2013). In spring 2016, collars
(10 cm diameter, 2 cm high) were inserted (< 1 cm deep)
into all mesocosms, taking care to minimise disturbance
to roots. All mesocosms were kept outside, in the
grounds of the University of Stirling, Scotland, where
the mean annual air temperature is 9.2 °C and the mean
annual precipitation is c. 1019 mm (UK Met Office
2017). Mesocosms were not watered to avoid oversaturation as mesocosms were exposed to outdoor precipitation. Rainfall prior to and during the experiment meant
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that soil moisture conditions were not limiting to plant
and microbial functioning.
On 2nd August 2016, nine days prior to the addition
of the substrates, 20 trees were shaded to reduce photosynthesis and reduce the supply of C to roots and their
fungal symbionts. Shading was achieved by using dark
but air-permeable phormisol material (LBS Worldwide
Ltd., Lancashire, UK) to cover each tree. This material
limited irradiance by at least 90%, whilst allowing air
exchange and avoiding excessive rises in air temperature for the shaded trees. Care was also taken to ensure
that soils were not covered by shading material in order
to minimise changes in soil temperature.
Preparation of 13C-labelled substrates
Four substrates were selected to represent different
forms of organic materials with varying structural composition and complexities: glucose, straw, fungal
necromass and biochar.
13
C-glucose was obtained by diluting 13C-D-glucose
(99 atom%. Cambridge Isotope Laboratories, Inc.,
Andover, USA) with D-glucose of natural isotope abundance (Fisher Scientific UK Ltd., Loughborough, UK)
with a dilution factor of 1:20, resulting in an enrichment
in 13C of c. 5 atom%.
13
C wheat straw (Triticum aestivum) was obtained
from wheat grown in a chamber enriched with 10 atom% 13CO2. The straw was rinsed in deionised water 4
times, air dried for several days, then shredded (<2 mm)
using a grinder.
Mycelium of the basidiomycete Hebeloma
crustuliniforme UP184 was grown on agar in Petri
dishes containing 1/10 Modified Melin Norkans
(MMN) growth medium (Marx 1969), with glucose
reduced from 10 g to 1 g. Based on the result of a pilot
study to determine the medium composition that supports the most rapid fungal growth, a modified MMN
growth medium containing 10 g of malt extract (instead
of 3 g) was selected for growing 13C-labelled fungal
biomass. In the liquid growth medium (100 cm3), the
fungal biomass was labelled by replacing 20% of the
12
C-glucose with 99 atom% 13C-glucose (CK Isotopes
Ltd., Leicester, UK). Flasks were incubated at 20 °C for
30 days, or until filled with mycelia. Mycelium was
harvested from each flask, and rinsed with deionized
water 4–5 times to remove any remaining media, airdried and frozen until further use, when the mycelium
was homogenised using a grinder (< 2 mm).
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Biochar was obtained from the pyrolysis of
Miscanthus (a C4 species) at 450 °C and subsequently
ground (<2 mm). The δ13C values of all substrates were
confirmed at Life Sciences Mass Spectrometry Facility
(CEH, Lancaster, UK) using an automated elemental
analyser NA1500 (Carlo Erba, Milan, Italy) coupled to
an Isotope Ratio Mass-Spectrometer (Dennis Leigh
Technology Ltd., Keele, UK).
Each treatment was represented in all blocks to ensure that all treatments were exposed to similar conditions. The four substrates with distinct 13C signatures
were applied as dry powder to the collars on 11th
August 2016. Substrates were applied to collars at the
rate of approximatly 3 mg C g−1 soil except for biochar,
which was applied at rate of 4.7 mg C g−1 soil (collar
area = 79 cm2, depth = 2 cm). The isotopic signatures
and the exact amount of the added substrates are presented in Table 1. Substrates were thoroughly mixed
into the top 2 cm of the soil within each collar, while
control collars were also mixed although no substrate
was added. 250 cm3 of water was subsequently added to
all treatments including control treatments.
Soil respiration and isotopic measurements
Soil respiration measurements were carried out using a
portable EGM-4 infrared gas analyser (PP Systems,
Amesbury, MA, USA) attached to a 15 cm diameter
custom-built respiration chamber with a headspace volume of approximately 2300 cm3, inserted gently into
soil (< 1 cm). Respiration rates were derived from linear
rise in CO2 concentration within the closed chamber
system over a period of two minutes. Sampling for
isotopic composition of evolved CO2 was carried out
at 2.5 and 5 h (for glucose, straw and control treatments
only), 1, 3, 7, 15 and 30 d after substrate addition. On
each sampling occasion, custom-built cylindrical PVC
chambers (15 cm diameter, 5 cm high) were placed on
the soil, ensuring a good seal between soil and chamber.
CO2 was allowed to accumulate in these chambers for
15 min, resulting in concentrations of around 1886 ±
92.3 (mean ± 1SE) ppm of CO2. Gas samples (20 ml)
were then collected using 20 ml syringes through a
septum in the chamber and injected under pressure into
previously evacuated borosilicate exetainers (12 ml;
Labco Ltd., UK) for isotopic analysis. The concentration of CO2 in all gas samples was obtained using a gas
chromatograph, GC-MS (Hewlett Packard 5890)
coupled to a flame ionization detector. Isotopic
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Table 1 Total C, C:N ratio and δ13C of substrates, and quantity of substrates and total 13C label added to soils in the experiment
Substrate

Total C (%)

C: N

δ13C (‰)

Amount of 13C added (g)

Biochar

68.9 ± 0.221

307 ± 0.669

−4.22 ± 0.066

0.008

Straw

43.1 ± 0.193

55.7 ± 0.851

9320 ± 6.95

0.046

Fungal necromass

51.9 ± 0.171

28.7 ± 0.461

2070 ± 24.7

0.017

Glucose

39.9 ± 0.070

n.a

5250 ± 0.591

0.029

Control

5.17 ± 0.464

14.9 ± 0.198

−27.9 ± 0.088

n.a

measurements for δ13C values of the gas samples were
measured at the Life Sciences Mass Spectrometry
Facility (CEH, Lancaster, UK) using an Isoprime
Tracegas Preconcentrator coupled to an IsoPrime
Isotope Ratio Mass Spectrometer (Elementar UK Ltd.,
Stockport, UK) at an analytical precision of ±0.17‰.

present in the chambers at the start of measurements.
A two end-member linear mixing model was formulated to partition total soil flux (F Tot al ) into
substrate-derived CO 2 (F Sub ) and ‘soil-derived’
CO2 (FSoil) based on the 13C isotopic abundance
between the substrates and the soil using the following mass balance equation:

Soil sampling and analysis

F T δT ¼ F Sub δSub þ F Soil δSoil

Soil samples were collected to a depth of 5 cm from
each collar and stored in sealed plastic bags at 4 °C until
processing for soil microbial biomass C, which was
determined using the fumigation extraction method
(Vance et al. 1987; Joergensen 1996). Fresh soil was
passed through a 2 mm sieve from which 5 g each was
weighed into two glass jars (20 ml). One jar was fumigated in a desiccator containing ethanol-free CHCl3 and
water (to avoid drying) for 24 h and evacuated using a
vacuum pump, while the other jar was not fumigated. After fumigation for 24 h, CHCl3 was removed
from the soil by evacuating the desiccator three to
four times using a vacuum pump. Both the fumigated
and non-fumigated soils were extracted with 20 ml 0.5 M
K2SO4 (1:4 w/v; soil:extractant) and the mixture shaken
for 30 min at 300 rpm, before being filtered through
Whatman no. 42 filter papers (pore size: 2.5 μm). Soil
microbial biomass C was determined based on the difference between fumigated and non-fumigated soils using
the kec factor of 0.45 (Wu et al. 1990). Total organic C
(TOC) and total organic N (TON) content of the filtrates
were determined using a TOC – VCSN analyzer
(Shimadzu Corporation, Kyoto, Japan).

Where FT, FSub and FSoil are the total CO2 flux,
substrate derived CO2 and soil derived CO2 respectively, and δT, δSub and δSoil are the δ13C isotopic signatures
for the total flux, substrates and soil, respectively. In this
experimental setup, CO2 derived from sources other
than the added substrate (i.e. both heterotrophic and
rhizomicrobial respiration) are considered as one isotopic pool (indicated by Bsoil^), while the suffix Bsub^
represents the glucose, straw, fungal necromass or biochar treatments. The proportion of substrate in the total
flux was calculated as:

Calculations and statistical analysis
Isotopic abundance of CO2 collected from chambers
was corrected for atmospheric CO2 using the isotopic ratio and concentration of atmospheric CO 2

ð1Þ

δT −δNS
δSub −δNS

ð2Þ

1 ¼ f Sub þ f Soil

ð3Þ

f Sub ¼

where δT, is δ C obtained from CO2 samples collected
from all soil collars after correction for atmospheric
CO2. δSub is δ13C of the labelled- glucose, straw, fungal
necromass or biochar, while δNS is δ13C obtained from
CO2 samples collected from control soils where no
substrate was added. The CO2 derived from substrates
was calculated as:
13

F Sub ¼ f Sub  F T

ð4Þ

and the standard error for the proportion of substrate flux contribution (f Sub ) was calculated
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according to the method by Phillips and Gregg
(2001), which accounts for variabilities in both

the mixture (δ13CTotal) and the sources (δ13CSub
and δ13CSoil) as:

sﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ

2 h
i
1
SEð f Sub Þ ¼
σ2 δT þ f Sub 2 σ2 δSub þ ð1− f Sub Þ2 σ2 δNS
δSub −δNS

where σ2 represent the square of the standard errors of
the mean isotopic signatures for the components as
indicated by the suffixes.
Priming effects were calculated in two categories.
First, priming of soil C decomposition in un-shaded or
shaded treatments induced by the addition of substrates
was calculated as the difference of the CO2 produced
from control soils without substrate amendment from
CO2 derived from sources other than the substrate added
(Eq. 6):
PE ð%Þ ¼

amended
NS

NS

F amended− F
F Soil  100

Soil

ð6Þ

Where amendedFSoil is the ‘soil-derived’ CO2 in soils
amended with biochar, straw, fungal necromass or glucose of shaded or un-shaded treatments determined by
FSoil = FT – Fsub; and NSFSoil is the ‘soil-derived’ CO2 in
soils without substrate addition for the respective light
condition.
Second, priming of added substrate decomposition
induced by rhizosphere input was calculated as the
difference of substrate-derived CO2 in shaded conditions from substrate-derived CO2 from soils in unshaded conditions. The priming effect of substrate decomposition (PESub) induced by rhizosphere C input
was calculated as:
PESub ð%Þ ¼

unshaded


F unshadedSub =shaded F shadedSub  100

ð7Þ
where unshadedFSub is the substrate-derived CO2 in soils
that receive autotrophic inputs from roots of un-shaded
trees with added substrate, and shaded F Sub is the
substrate-derived CO2 in soils without root input from
shaded trees with added substrate.
Effects of shading and substrate additions on total
soil CO2 efflux, soil-derived CO2, substrate-derived
CO2, PE and soil microbial biomass C were analysed
using two-way analysis of variance (ANOVA) following linear mixed effect models, where ‘mesocosm’

ð5Þ

nested within blocks and sampling dates were assigned
as random factors. Data were log-transformed when
necessary to meet the assumptions of normal distribution. When statistical significance was observed, Tukey
post-hoc tests were used for pairwise comparisons at
significance level of 0.05. All analyses were carried out
using RStudio v0.99.903.

Results
Soil respiration
Prior to tree shading, there was no significant difference
between CO2 efflux from soil collars assigned as unshaded and shaded treatments (Fig. 1). Nine days after
shading, soil respiration decreased significantly by 63%
relative to un-shaded treatments (p < 0.001) and this
reduction in CO2 efflux was significant for all subsequent sampling dates. Average soil CO2 efflux from unshaded mesocosms (2.39 ± 0.38 μmol m−2 s−1) was
significantly greater than that of shaded mesocosms
(0.78 ± 0.08 μmol m−2 s−1) for the period after shading
(P < 0.001, Table 2)). The relative contribution of rootderived CO2 (rhizomicrobial respiration) to the total
cumulative soil CO2 efflux was 67%, calculated as
differences between un-shaded and shaded treatments
in control (un-amended) soils.
The addition of substrates to soils significantly increased total CO2 efflux (P < 0.001) from both unshaded and shaded treatments throughout the sampling
period of 30 days, relative to controls without substrate
(Figs. 2 and 3). While shading and substrate addition
significantly affected total soil CO2 efflux, there was no
significant interaction between these two fixed effects
(Table 2). Total soil CO2 efflux increased significantly
following the addition of straw, fungal necromass and
biochar in un-shaded treatments. In shaded treatments
on the other hand, the addition of biochar significantly
increased soil CO2 flux (P < 0.05, Tukey-post hoc test)
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Fig. 1 Average soil CO2 efflux for the period of 16th May 2016 to
10th September 2016 in mesocosms without substrates added (control treatments). Soils were watered on 18th July 2016 prior to
measurement on 19th July 2016 due to excessive dryness in the
mesocosms. Trees were shaded on 2nd August 2016, indicated by

the red line. Error bars represent ±1 SE (n = 4). There was no
significant difference between shading treatments prior to shading
(P = 0.6274) but significantly different after shading (P < 0.001,
paired t-test)

while glucose, straw and fungal necromass had no effect
on total soil CO2 efflux.
Increases in δ13C of soils were observed within 5 h of
glucose and straw addition, and 24 h of fungal necromass
addition when the first measurements were taken (Fig. 4).
The respiration of glucose was highest in the first 7 days
after its addition in both shaded and un-shaded treatments
after which decomposition of glucose declined, with a
higher decomposition of glucose in the shaded treatment
than the un-shaded treatment. The decomposition of
straw and fungal necromass were greater in shaded

treatments and continued throughout the sampling period
while in un-shaded treatments, both, decomposition of
straw and fungal necromass was highest on day 7. 13C
values in biochar treated soils were not different from
those in control mesocosms that received only water.
Source-partitioning and priming effects
CO2 efflux derived from added substrate was significantly different among substrates (P < 0.001) but not
between shading treatments (Table 2 and Fig. 3). In both

Table 2 Analysis of variance (ANOVA) of light condition, substrates and their interactions on total soil CO2, soil-derived CO2 and
substrate-derived CO2 efflux

Total Soil CO2 efflux

Soil-derived CO2

Substrate-derived CO2

Transformation

Fixed factors

df

F

P value

Log

Shading

1,35

82.3

<0.001

Substrate

4,36

10.3

0.001

Shading x Substrate

4,36

1.29

0.29

Shading

1,30

84.9

<0.001

Substrate

4,30

9.77

<0.001

Log

Log

Significant values (P < 0.05) are in bold

Shading x Substrate

4,30

1.12

0.51

Shading

1,20

0

0.99

Substrate

3,24

20.03

<0.001

Shading x Substrate

3,23

1.04

0.38
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a

b

0.8
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−0.4

c
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Straw
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8

Biochar

Soil derived CO2
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4

2

0
0

5
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0

5
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15

20

25

30

Time from substrate additions (days)
Fig. 2 Soil CO2 efflux in un-shaded (open shapes) and shaded
(filled shapes) treatments derived from the added 13C labelled
substrate derived CO2 (a & b) and un-labelled soil CO2, (c & d)

for the duration of 30 days after the addition of glucose, straw,
fungal necromass and biochar. Values denote mean ± 1 SE (n = 4)

un-shaded and shaded treatments, the majority of
glucose-derived CO2 evolved within seven days of glucose addition, with higher CO2 flux rates from glucoseamended mesocosms with shaded trees (Fig. 2a, b). For
the period of 30 days after substrate addition, CO2
evolved from other sources other than the added substrate ranged between 3.40 ± 0.74 and 7.56 ±
2.21 μmol m−2 s−1 in un-shaded treatments while it
ranged between 1.40 ± 0.15 and 1.65 ±
0.31 μmol m−2 s−1 in shaded treatments. Adding straw
to un-shaded mesocosms resulted in ‘soil-derived’ CO2
that was approximately three times higher than control
mesocosms (un-shaded, no substrates) and about 5

times that produced from the corresponding shaded
treatment (shaded, straw added; Fig. 3). In un-shaded
mesocosms, un-labelled CO2 efflux increased immediately following the addition of straw by up to four
times relative to un-shaded control mesocosms and
the increases persisted until the end of sampling
(Fig. 2c). For the shaded treatments, the addition of
glucose, straw, fungal necromass and biochar increased un-labelled CO2 during the first 3 days only
(Fig. 2d). Glucose amended soils produced the least
CO2 from soil in both un-shaded and shaded conditions, but more CO 2 derived from the added
substrate.

Plant Soil (2019) 440:473–490

481

12

mol m−2 s−1)

6

Soil CO2 efflux

8

(

10

Soil derived CO2
Substrate derived CO2

AB

A
B

d
d
B

4
cd
bd

B

2

AB

B

AB

ab

ab

ab

bc
ab
a

0

Un−shaded Shaded
Control

Un−shaded Shaded

Un−shaded Shaded

Glucose

Straw

Un−shaded Shaded
Fungal
necromass

Un−shaded Shaded
Biochar

Fig. 3 Partitioning of total CO2 efflux into CO2 derived from root
and heterotrophic (BSoil derived CO2^) and from the addition of
glucose, straw, fungal necromass and biochar (BSubstrate-derived
CO2^) in un-shaded and shaded treatments. Control treatments

received water only. Error bars are 1SE of mean (n = 4). Different
letters indicate significant interactions between shading and substrate factors (P < 0.05, Tukey post hoc) for soil-derived CO2
efflux (small letters) and substrate-derived CO2 (capital letters)

No significant priming of substrate decomposition by the supply of C to the rhizosphere (PESub)
as calculated by the difference between substrate
derived CO2 in un-shaded and shaded treatments
was observed (Fig. 3). However, increases in unlabelled CO2 (priming effects) after the addition of
all substrates were observed in both shaded and unshaded trees (Figs. 5 and 6). These priming effects
were not different between soils with un-shaded
and shaded trees, with the exception of straw treatments where the un-shaded treatment was significantly higher than the shaded treatment (P < 0.01).
The addition of glucose generated the lowest PE
over the experimental period in the shaded treatments (88%) and in the un-shaded treatment
(61%). The PE was significantly higher immediately after the addition of 13C-labelled straw and
glucose (5 h) and fungal necromass and biochar
(1 d) in both shading treatments (Fig. 5).
Following this initial flush, no significant PE
was observed until 15 days after substrate additions in un-shaded treatments.

Microbial biomass carbon
At the end of the sampling period, soil microbial biomass C was generally higher in un-shaded treatments
than in shaded treatments (P < 0.05). However, there
was no overall significant difference in soil microbial
biomass C among substrates, nor between the interaction of shading and substrates (Fig. 6).

Discussion
The alteration of rhizosphere C supply through shading
reduced total soil CO2 efflux across all substrate treatments. The result also provides evidence that the combined effects of rhizosphere C supply and substrate
amendments can increase decomposition of native
SOM, the magnitude of which is dependent on the
quality of the amendment. Tree shading reduced soil
CO2 efflux by about 67% for the duration of the experiment suggesting C supply to roots and their associated
ECM fungi was strongly reduced, which suggests that
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assimilate C flux to roots is a major driver of soil CO2
efflux. It is commonly reported that roots use their
carbohydrate reserves after assimilate C supply is altered through girdling, trenching, defoliation or drought,
thereby delaying the reduction in respiration rates and
underestimating autotrophic respiration (Högberg et al.
2001; Díaz-Pinés et al. 2010; Hasibeder et al. 2015).
However, plant age influences the availability of root
carbohydrate reserves (Bahn et al. 2006); hence, in
contrast to the mature forests reported in other studies,
it is likely that the root C reserves were rapidly used up
following shading in the young trees (3 years old) used
in this study, resulting in rapid decline in root respiration. Consistent with our finding, a recent study reported

that rhizosphere respirations in the presence of soybean
and sunflower were positively related with light intensity, as lower rhizosphere respirations were observed
from two days of subjecting the plants to varying degrees of shading (Tang et al. 2019). Shading is potentially an effective partitioning method with a number of
benefits compared to root exclusion methods (such as
trenching and other physical separation techniques).
Some of these methods may significantly underestimate
the contribution of roots due to limitations such as the
physical disturbance to the soil structure and decomposition of decayed roots (Subke et al. 2006).
The addition of glucose, straw, fungal necromass and
biochar, representing organic matter of varying
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structural complexities, resulted in increased microbial
metabolic activities as indicated by higher CO2 fluxes
from soils of both shaded and un-shaded trees. As
shown by the excess 13C in soil CO2 efflux, glucose,
straw and fungal necromass were decomposed in both
shaded and un-shaded treatments, while biochar was not
decomposed in either shading treatments. The lack of
biochar decomposition was likely because biochar, being a relatively recalcitrant substrate (Cross and Sohi
2011; Schmidt et al. 2011) is not readily available for
microbial metabolism. Both, lack of, and decomposition
of biochar have been reported in incubation studies
(Zimmerman 2010; Stewart et al. 2013; Cui et al.

2017; Luo et al. 2017a), and the contrasting results
may be attributed to differences in the combustion temperature, duration and biomass used for biochar production, which influence its lability (Zimmerman 2010). It
is unlikely that the lack of biochar decomposition was
due to the narrow difference in the δ13C signature between biochar (−4‰) and the soils (approx. -28‰), as
the difference in δ13C values lies the basis for natural
abundance isotopic partitioning where C4 plants are
grown on C3 soil or vice versa. Moreover, a recent study
successfully partitioned soil-derived CO2 from rootderived CO2 by planting C3 trees (approx. -27‰) on
C4 soils (−17‰), thereby showing that the >10‰
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Fig. 6 Soil microbial biomass C
in un-shaded and shaded treatments following the addition of
glucose, straw, fungal necromass
and biochar. Control soils received only water. Error bars are
SE of the mean (n = 4)
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difference in δ13C values was successful in partitioning
CO2 sources (Yin et al. 2018).
The supply of assimilate C to the rhizosphere did
not enhance the decomposition of substrates, as we did
not observe any difference in the mineralization of
glucose, straw, fungal necromass or biochar between
shaded and non-shaded treatments. Previous studies
that investigated the interaction between root activity
and litter decomposition have either reported a positive
(Subke et al. 2004; Subke et al. 2011; Trap et al. 2017)
or negative (Gadgil and Gadgil 1971; Averill et al.
2014) effect of roots on litter decomposition. Since
roots and ECM were present in both un-shaded and
shaded treatments, it is possible that in addition to
heterotrophic saprotrophs, ECM fungi contributed to
the mineralization of the added substrates. Although,
ECM fungi receive their C primarily from host plant
photosynthates in return for nutrients, they may also
access soil C either from the metabolism of low molecular weight compounds (Talbot et al. 2008) or
through decomposition of complex organic compounds (Phillips et al. 2014) by investing in enzymes
involved in the mobilization of C (Buée et al. 2005;
Buée et al. 2007; Courty et al. 2007).

Glucose

Straw

Fungal necromass

Biochar

As flux partitioning using the isotopic composition
showed, the addition of fresh substrate increased CO2
flux from sources other than the added substrate. This
additional CO2 efflux might have been caused by increased root-derived respiration, increased turnover of
soil microbial biomass and/or accelerated SOM decomposition, all of which had similar isotopic compositions.
We hypothesise that the additional un-labelled CO2
production was caused by an initial increase in the
turnover of microbial biomass C (apparent PE), followed by increased decomposition of SOM (real PE) rather
than from higher rhizo-microbial respiration. It is possible that the proliferation of roots and associated mycorrhizal fungi in response to the addition of substrates also
contributed to the observed increase in un-labelled CO2
flux. However, the absence of a similar proliferation in
shaded treatments suggests that the availability of labile
C in the rhizosphere, not root growth causes the observed pattern. In a pot experiment, to test the contribution of ectomycorrhizal roots to the additional unlabelled CO2 released following the addition of 13Clabelled sucrose, Ekblad and Högberg (2000) found no
increase in rhizomicrobial respiration with added sugar,
corroborating our conclusion that the additional un-
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labelled CO2 is from organic matter decomposition.
However, further confirmation of our assumption is
required using a three-source partitioning approach to
separate CO2 derived from roots, SOM and substrates.
The rapid flush of un-labelled CO2 efflux from both
shaded and un-shaded treatments on or before 24 h was
likely due to increased microbial turnover rates, and we
propose that real PE involving the decomposition of
SOM commenced after 1 day of substrate additions in
the forest soil of our mesocosms (Blagodatskaya and
Kuzyakov 2008; Blagodatsky et al. 2010). Therefore,
this study demonstrates that the addition of complex
substrates mostly causes real PE. Most likely due to
the production of extracellular enzymes and subsequent
co-metabolism of SOM (Blagodatskaya and Kuzyakov
2008; Fontaine et al. 2011; Blagodatskaya et al. 2014).
The PE occurred in two stages: short-term apparent PE
occurring immediately after substrate addition followed
by long-term real PE, which was predicted by the model
of Blagodatsky et al. (2010). This temporal dynamic of
PE has also been reported by others (Nottingham et al.
2009; Blagodatskaya et al. 2011), and requires confirmation by distinct partitioning of rhizomicrobial respiration from microbial decomposition, whilst also tracing
microbial biomass pools with a three-source labelling
approach.
Positive priming effects of substrate on SOM, as
reflected by increased unlabelled CO2 in soils amended
with substrates relative to control soils, were generally
lower in shaded treatments than un-shaded treatments.
Glucose-amended soils were the exception; PE was
greater in the absence of C supply to the rhizosphere.
Supporting our second hypothesis, this demonstrates
that rhizosphere C supply coupled with the input of
substrate amendments accelerates SOM decomposition.
In realistic field conditions, different forms of substrates
are released into forest soils as litter or rhizodeposits
(Kuzyakov 2010). However, our study is among the few
that have investigated the combined effect of fresh substrate input and an intact rhizosphere in either forest
(Subke et al. 2004) or agro-ecosystems (Mwafulirwa
et al. 2017). A potential shortcoming of our simple
forest system in this mesocosm study is the absence of
the associations of ECM mycelium with more than one
tree that may be found in natural forests (Lang et al.
2011), such that altered C supply from one tree host
might be compensated by C supply from another tree
host. Notwithstanding, our results suggest that in shaded
treatments, microorganisms degraded the added
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substrate to derive energy for microbial growth, which
led to co-metabolism of SOM. The PE observed in these
shaded treatments was not significantly different among
substrates, indicating that the acquired C from decomposition of labile fractions of substrates were not sufficient to sustain microbial activities for long. This suggests that the energy needed to metabolize SOC is
greater than the energy acquired from the catabolism
of the added substrate (Fontaine et al. 2007).
Soil priming after substrate additions was likely due
to microbial activation (Cheng and Kuzyakov 2005).
Other studies have also attributed the increase in SOM
decomposition to microbial activation in the presence of
roots (Zhu et al. 2014; Kumar et al. 2016; Mwafulirwa
et al. 2017) or substrates (Blagodatskaya et al. 2011;
Blagodatskaya et al. 2014; Shahbaz et al. 2017). Owing
to the low N soil content (0.35%), and no addition of
fertiliser to the soils before or after planting, the soils
were strongly N limited. This N limitation was further
aggravated by adding substrates with high C to N ratio
at concentrations (3 mg substrate C g−1 soil) high
enough to induce SOM decomposition (Luo et al.
2016; Liu et al. 2017). Therefore, it is likely that in a
bid to meet their nutrient demands, microorganisms
utilized the rhizodeposits or the labile C fraction of
substrates as an energy source to decompose the less
available more stable SOM, and mobilize nutrients (i.e.
the microbial mining hypothesis, (Fontaine et al. 2011)).
Similar increased SOM decomposition was observed with the input of substrates with high C:N
ratios into subtropical forest soils when compared
to nutrient-rich soils (Qiao et al. 2016). This further supports the hypothesis that the direction and
magnitude of PE is controlled by the compromise
between energy and nutrient availability for SOM
decomposition (Fontaine et al. 2003).
In general, the decomposition of complex substrates
is dominated by fungi, while bacteria dominate decomposition of soluble substrates (sugars and amino acids)
(Fontaine et al. 2011). In the presence of substrates,
higher PEs were observed in un-shaded treatments than
in shaded treatments with limited C supply to ECM
fungi. This suggests that the supply of C by plants to
roots and their associated ectomycorrhizae exerts a
greater effect on SOM decomposition than the addition
of substrates directly to the soil. However, a three-source
partitioning of total CO2 efflux is required for further
confirmation. Ectomycorrhizal fungi therefore have a
significant influence on soil C storage and the
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magnitude of this influence is dependent on plant productivity (Moore et al. 2015). Under low plant productivity conditions, mycorrhizal fungal biomass is reduced
thereby decreasing fungal influence on stored soil C
(Moore et al. 2015).
Although both simple and complex substrates
increased the decomposition of SOM, we observed
higher priming effects in the presence of complex
substrates of low microbial availability and higher
C:N ratio than from glucose-amended soils. This
result does not support our third hypothesis that
SOM decomposition is higher following the addition of a readily available substrate (glucose) compared to complex substrates. Glucose is soluble
and readily available for microbial utilization,
while straw residue, fungal necromass and biochar
have complex polymerised C molecules that require more energy for the production of enzymes
to decompose them (Luo et al. 2016). Our findings
suggest that glucose addition stimulated only microorganisms that are specialised in decomposition
of easily utilizable C (r-strategists; Fontaine et al.
2003), while straw, fungal necromass and biochar
additions stimulated the activities of microorganisms that are responsible for the decomposition of
complex organic molecules by synthesizing extracellular enzymes. Positive PE was therefore due to
co-metabolism of SOM during the decomposition
of the complex substrates (Kuzyakov et al. 2000;
Paterson and Sim 2013).
Biochar has been shown to improve soil fertility as
well as reduce soil nutrient losses (Sohi et al. 2010;
Quilliam et al. 2012). However, biochar is a recalcitrant
material, not readily available for microbial degradation,
and the addition of biochar has been reported to have
either a negative PE (Cross and Sohi 2011; Cheng et al.
2017), or a positive PE (Wardle et al. 2008; Cui et al.
2017). The feedstock, pyrolysis temperatures and retention duration used during biochar production, together
with the age of the biochar and the duration of the
experiment can greatly influence potential PE. In a
recent study, (Zimmerman and Ouyang 2019) attributed
the priming of organic matter by biochar to the presence
of habitable surfaces on biochar that encouraged the
growth and activities of microbes, hence co-metabolism
of SOM. As no mineralization of biochar was observed
in this study, positive PE induced by biochar obtained
from Miscanthus biomass was likely due to the high
stability of biochar that changed the physico-chemical
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characteristics of soil (e.g. pH, porosity and bulk density), thus promoting SOM decomposition (Sohi et al.
2010; Luo et al. 2017b).

Conclusion
The combination of tree shading and addition of substrates in this forest soil mesocosm experiment enabled
us to investigate the effects of rhizosphere C supply and
fresh organic matter inputs on the decomposition of
SOM. Although the addition of both simple and complex fresh organic matter increased SOM decomposition
in shaded treatments, the supply of photoassimilate C to
roots and ECM fungi further accelerated SOM decomposition in the presence of fresh organic matter as observed in un-shaded treatments. This suggests that ECM
fungi probably increased SOM decomposition through
the production of enzymes involved in nutrient mobilization, which was ultimately controlled by the productivity of the host plant. In nutrient-limited and ECM
dominated systems such as temperate and boreal forests,
interactions between increased rhizodeposition and litter
input resulting from higher atmospheric CO2 concentrations (CO2 fertilization effect) may reduce soil C stocks
and the sequestration ability of these systems. Better
understanding of the mechanisms of PE and the net
effect of fresh organic matter input into forest soils
might be obtained by measuring extracellular enzyme
activities and estimating soil C budgets in forest
ecosystems.
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